Sorgoleone is a secondary sorghum metabolite released from roots. It has allelopathic properties and is considered to inhibit ammonia-oxidizing archaea (AOA) and bacteria (AOB) responsible for the rate-limiting step (ammonia oxidation) in nitrification. Low activity of these microorganisms in soil may contribute to slow down nitrification and reduce nitrogen loss via denitrification and NO 3 − leaching. The potential nitrification rate (PNR) and the composition of microbial communities were monitored in rhizosphere soil to investigate the growth effect sorghum on biological nitrification inhibition (BNI). A greenhouse pipe experiment was conducted using sorghum lines IS20205 (highsorgoleone release ability), IS32234 (medium-sorgoleone release ability), 296B (low-sorgoleone release ability), and a control (no plants) combined with fertilization application of 0 or 120 kg N ha −1 . We applied nitrogen as ammonium sulfate at 16 days (20 N), 37 days (40 N), and 54 days (60 N). We collected soil solutions at 7.5 cm depths every 3 days and measured the pH and nitrate levels. At 1 and 2.3 months, we sampled the bulk and rhizosphere soils and roots in the 0-10 cm, 10-30 cm, and 30-80 cm depths to determine NO 2 , mineral N, total N, total C, sorgoleone, the composition of AOA, AOB, and total bacteria and archaea. Sorgoleone was continuously released throughout the 2.3 months' growth and was significantly higher in IS20205, followed by IS32234 then 296B, which showed shallow levels. The IS2020 5rhizosphere showed lower NO 2 and nitrate levels and significant inhibition of AOA populations. However, we did not find significant differences in the abundance of AOB between plant treatments. Multivariate analysis and Spearman's correlations revealed that sorgoleone as well as environmental factors such as soil pH, soil moisture, NO 3 − -N, and NH 4 + -N shape the composition of microbial communities. This study demonstrated that the release of higher amounts of sorgoleone has great potential to inhibit the abundance of AOA and soil nitrification. The breeding of sorghum lines with the ability to release higher amounts of sorgoleone could be a strategic way to improve the biological nitrification inhibition during cultivation.
Introduction
Nitrification is the key and often the rate-limiting step in the N cycle, which includes two steps, i.e., oxidation of ammonia (NH 4 + ) to nitrite (NO 2 − ) mediated by ammoniaoxidizing bacteria (AOB) (Purkhold et al. 2000; Treusch et al. 2005 ) and archaea (AOA) (Könneke et al. 2005 ) and nitrite to nitrate (NO 3 − ) by nitrite-oxidizing bacteria (NOB) mainly from the genus Nitrobacter (Hayatsu et al. 2008) . The ammonia monooxygenase (AMO) enzyme, one of the key enzymes responsible for the conversion of ammonia to nitrite, is encoded by the ammonia Electronic supplementary material The online version of this article (https://doi.org/10.1007/s00374-019-01405-3) contains supplementary material, which is available to authorized users. monooxygenase genes amoA, amoB, and amoC (Klotz et al. 1997 ). Among these genes, the amoA gene had been more extensively used for the study of ammonia oxidizers and has a well-established database, compared with amoB and amoC (Francis et al. 2005; Okano et al. 2004 ). Understanding the community composition and spatial distribution of AOA and AOB is essential for assessing the nitrification process (Li et al. 2018 ) since these two groups are responsible for the first-step (ammonia oxidation) in nitrification. Therefore, finding ways to maintain the abundance and more specifically the activity of amoA genes at low levels is vital to slow down the nitrification and reduce N loss via denitrification (emissions of N 2 O and NO), nitrate leaching, and improve N use efficiency (NUE) . Nitrate leaching in agricultural soils is estimated to be as high as 61.5 Tg N year −1 (Schlesinger 2009 ). The NUE for global cereal production is estimated at 33% (Raun and Johnson 1999) . The control of the nitrification process in soil is necessary to minimize N losses and increase the NUE in agricultural fields (Subbarao et al. 2015) . Synthetic nitrification inhibitors such as thiourea and dicyandiamide (DCD) have been developed (Prasad and Power 1995) , but their widespread use in agriculture is limited due to high costs and variable performance across different agro-climatic and soil environments (Nardi et al. 2013 ). Subbarao et al. (2009) reported that under these ecosystems, nitrification could potentially lead to N starvation for plants, which in turn forces them to develop strategies to protect N from loss. Some plants have developed mechanisms to suppress soil nitrifier activity, a plant function termed "biological nitrification inhibition (BNI)" (Subbarao et al. 2006a ). To date, several BNI plants have been identified, including Brachiaria pasture grasses (Ishikawa et al. 2003; Subbarao et al. 2007; Jones 2013) and sorghum (Subbarao et al. 2013) . A bioluminescence assay using a recombinant Nitrosomonas europaea strain (harboring luxAB genes from Vibrio harveyi) has been developed and extensively used to estimate the BNI potential of root exudates of several crops including sorghum (Iizumi et al. 1998; Subbarao et al. 2006b; Zakir et al. 2008) .
Sorghum is the fifth most widely cultivated cereal grain globally, grown mainly in drought-prone and less developed regions of the arid and semi-arid tropics (Smith and Frederiksen 2000; Subudhi and Nguyen 2000) . This crop is well known to be producing a range of metabolites having allelopathic or phytotoxic effects, and in some cases, the phytotoxic effect could be attributed to specific compounds like sorgoleone (Einhellig and Souza 1992) . Sorgoleone is an oily brownish exudate that contains lipid benzoquinones, which constitutes > 90% of the hydrophobic components of sorghum root exudates (Netzly and Butler 1986; Czarnota et al. 2003) . It has been shown to inhibit nitrifier activity (Subbarao et al. 2013) , and together with the phenolic substance methyl 3-(4hydroxyphenyl) propionate (MHPP) (Zakir et al. 2008 ) and sakuranetin (Subbarao et al. 2013 ), they form the major BNIs released from sorghum roots. However, most studies addressing the effect of sorgoleone on nitrifiers and soil nitrification have been carried out under laboratory incubation at shortterm scales. Very few have closely investigated the dynamic of sorgoleone release throughout the plant's growth cycle in natural conditions and how its release timely affects AOA and AOB communities and soil nitrification in the presence or absence of N fertilization.
In this study, three sorghum genetic stocks and a control (no plant) were grown without and with N fertilization (120 N) for 2.3 months. The aim was to determine (1) how the growth of sorghum genetic stocks that release sorgoleone at different levels affects the composition of not only ammonia-oxidizing microbes (AOB, AOA) but also that of abundances of bacteria and archaea?; (2) whether both AOA and AOB abundances affected by the release of sorgoleone in natural conditions and at which magnitude?; and (3) how the interaction between sorgoleone release and soil nitrifiers shapes the soil potential nitrification and how this affects plant growth? The study was performed using a "pipe experiment" setup in a greenhouse. Microbial composition and abundance and were analyzed using quantitative real-time polymerase chain reaction (qPCR) and Illumina MiSeq targetting the amoA genes for AOB and AOA and V4 region of 16S rRNA genes for total bacteria and archaea. Soil chemical analysis complemented these molecular analyses, and we interpreted all data in a holistic approach.
Materials and methods
We set up the experiment in a greenhouse (Tm: 29.6°C average, RH: 63.8%) using ϕ 12 cm × 1 m pipes (Hokkaido Ltd., Japan) filled with soil, herein referred to as "pipe experiment."
Soil preparation
The soil used was Andosol collected from the Japan International Research Center for Agricultural Sciences (JIRCAS) experimental station (Hachimandai) in Tsukuba, Japan (36.0535°N and 140.0792°E). The soil was not cultivated over many years nor received any fertilization before its collection. Before use, it was well mixed and passed through a 5-mm sieve to remove big-size soil particles. Original water content (47%), percent moisture at field capacity (61%), and other soil properties were measured immediately after collection, and 12.5 kg fresh soil (8.5 kg oven-dry weight) was added in each pipe. Before, we calculated the amount of water in a pipe when at field capacity (FC) and the required water volume to add during each watering time to adjust the moisture level to that under FC.
Treatments and experimental design
The treatments consisted of two factors, F1 and F2. F1 corresponded to 3 sorghum lines with contrasting sorgoleone release ability (IS20205 19.11 μg/mg dry root, IS32234 19.12 μg/mg dry root, 296B 5.16 μg/mg dry root; Subbarao GV, JIRCAS, unpublished results) and a control treatment (no plant). Sorgoleone was initially determined on 7-day-old sorghum seedlings as described later in this paper. We recieved the sorghum seeds from ICRISAT (Pantancheru, India). The second factor F2 corresponded to a fertilization regime without and with ammonium sulfate (120 kg N ha −1 ). The resulting eight treatments (F1 × F2) were replicated eight times and arranged in a completely randomized block design. In total, there were four blocks containing 16 pipes (F1 (4) × F2 (2) × 2 harvesting periods) each. However, an extra pipe was added per block to assess the amount of water to add during watering.
Before adding the soil, a 0.15-mm-thick cylindrical plastic, with a similar diameter size than the pipes, was sealed at the bottom and inserted inside each pipe. After adding the soil inside the plastics inserted in the pipes, pipes were hit on the soil surface up and down ten times with a similar force to create an identical bulk density and soil distribution. At 7.5 cm horizon from the soil surface of each pipe, a 10-cm porous ceramic rhizon cup (Rhizosphere Research Products, Wageningen, the Netherlands) was fully buried horizontally in the soil of each pipe. At the contact zone with the pipe, we inserted the rhizon in a suction tube (10 cm length, 4 mm Ø) connected to a 10-ml vacuum syringe (Fig. S1 ). The soil solutions were sucked every 3 days and collected in the syringes, 1 h after watering the pipe to field capacity, and the extracts were used to determine the nitrates (NO 3 − ) levels and pH variation at the topsoil of the different treatments.
Fertilization and watering
Both K and P were applied as basal fertilization to each pipe at 150 kg K 2 O ha −1 (124.5 kg K ha −1 ) and 150 kg P 2 O 5 ha −1 (65.55 kg P ha −1 ), based on pipe surface area (PSA = π × r 2 ) corresponding to 122.72 cm 2 . The amount of each fertilizer required per pipe (122.72 cm 2 ) was calculated and dissolved in 1.2 l (volume of water to adjust to FC) and then applied to the pipe. On the following day, six surface-sterilized (soaking in 5% sodium hypochlorite for 10 min, 99.9% ethanol for 3 min, followed by five washes with sterilized deionized water) sorghum seeds per line were sown in corresponding pipes. After sowing, we recorded the total weight of the four extra pipes (3 lines, one control) called after planting target weight (APTW), and this weight was aimed at each watering time. At later growth stages, an approximate extra weight representing the plant biomass was added to the APTW when estimating the amount of water for watering. Three homogenous seedlings per pipe were left 1 week after sowing. Ammonium sulfate (120 kg N ha −1 ) was applied to the corresponding pipes at 16 days after sowing (DAS) at the rate of 20 kg N ha −1 (20 N), 37 DAS (40 N), and 54 DAS (60 N), after dissolving the required amounts in a solution equalling the decreased amount of water at the watering day. Deionized water was used for watering to avoid contamination with other nutrients.
Plant harvesting and soil sampling
Four replicates per treatments were destructively sampled at 31 and 32 DAS (1 month), and the remaining pipes were harvested at 70 and 71 DAS (2.3 months). Shoots were collected and oven-dried at 75°C for 48 h to record the dry weights. Before soil and root sampling, the rhizon tubes were first carefully removed, and the plastic containing the soil and root column was pulled off the pipe. We used a clean cutter to separate the three soil cores (0-10 cm, 10-30 cm, 30-80 cm horizons) per pipe. All the soil in control's cores is referred to as bulk soil. Cores containing plant roots were shaken by hand to release the loose soil, and the rhizosphere soil corresponding to the soil finely attached to roots after releasing the loose soil was collected on clean trays using clean brushes. Subsamples from bulk soils (about 40 g) and rhizosphere soils per core were put in 50-ml falcon tubes and transferred to the laboratory in cold conditions (4-10°C) and used for chemical and molecular analyses. After removing the rhizosphere soil, the weight of fresh roots per core was immediately recorded. Each core's root biomass was put in plastic bags and transferred to the laboratory in the same conditions as above. On the same day, sorgoleone was extracted from roots as described by Tesfamariam et al. (2014) with the only difference that roots were dipped into 100 mL acidified dichloromethane or DCM (1% acetic acid:DCM v/v) instead of 20 mL due to their higher amounts. The filtrates were stored at 4°C until sorgoleone quantification. After the DCM wash, the roots were again washed with tap water and cleaned with deionized water to remove the remaining soil particles. They were oven-dried at 70°C for 72 h to calculate the total root dry weight per soil core and per plant.
Quantification of sorgoleone release ability from sorghum roots at harvests (1 and 2.3 months)
Briefly, the filtered acidified root-DCM washes stored 4°C were evaporated to dryness using a rotary evaporator at 40°C, 95 rpm. The residues were treated with 20 mL methanol and evaporated again. The new residues were harvested with another 1.5 mL methanol into a 2-mL Eppendorf tube and then filtered through a 0.20-μm syringe membrane filter to remove any insoluble compounds that might interfere with HPLC analysis. We transferred 150 μl filtrate into a 0.6-ml tube and evaporated it to dryness after making a hole in the lid of the tube. After evaporation, the residues were dissolved in 150 μl acetonitrile for sorgoleone (μg g −1 dry root) quantification by HPLC (Subbarao et al. 2013; Tesfamariam et al. 2014) . The remaining 1.35 ml methanol filtrates were stored at 4°C for further uses.
Chemical analysis

NO 3 − in water extracts
A standard curve was first made by plotting the absorbance reads of a series of 11 dilutions using 100 mg NO 3 -N l −1 standard (Wako Pure Chemical Industries, Ltd., Japan). An aliquot (1.3 ml) of the 100 mg NO 3 -N l −1 standard and the diluted solutions including a blank were added in a NO 3 pack test tube (Kyoritsu Chemical-Check Lab., Crop., Japan) and vortexed for 10 s. The absorbance of the purple color developed after 10 min incubation was read spectrophotometrically at 540 nm wavelength. The standard curve with an equation correlating the obtained absorbance values and the corresponding NO 3 -N concentrations was made. Similarly, 1.3 ml water extracts were added in a pack test tube, vortexed for 10 s, and the absorbance read at 540 nm. The equation obtained in the standard curve was then used to estimate the NO 3 -N amounts in soil extracts. The NO 3 -N concentrations of extracts were assessed at each sampling time. The pH of water extracts was directly read on a pH meter. Three fresh soil replicates (1 g) of known moisture content (initial soil, bulk, and rhizosphere soils) were placed in a 50ml falcon tube, and 10 ml 1 M KCl was added. Tubes were incubated at 150 rpm, at 25°C, for 30 min, and 4 ml per sample was centrifuged at 15,000×g, at 25°C, for 5 min. NO 3 -N concentration (μg NO 3 -N g −1 soil) was determined as above, taking into consideration the %moisture of the used soil and the isotopic equivalence of N. Using 625 μl of the 1 M KCl extract, NH 4 + concentration (μg NH 4 -N g −1 soil) was determined colorimetrically according to the sodium salicylate method (Forster 1995) .
The potential nitrification rate (PNR) was determined on the same day of soil sampling. Briefly, 0.5 g of fresh soils was added to 50-ml falcon tubes, and 12 ml of phosphate buffer solutions (1 mM KH 2 PO 4 , 1 mM (NH 4 ) 2 SO 4 , 10 mM NaClO 3 , and pH adjusted to 7.0) was added. The tubes were shaken by hand for about 5 s, and 2 ml solution was centrifuged at 15,000×g, 25°C, for 5 min (0 h). The remaining solution was incubated for 4 h at 25°C, 180 rpm, after which another 2 ml solution was centrifuged as above. NO 2 -N was determined following the same method as NO 3 -N with the difference that NO 2 pack test tubes were used instead of NO 3 pack test tubes. A standard curve as in NO 3 − was also made using a 1000-mg l −1 NO 2 -N standard (Wako Pure Chemical Industries, Ltd., Japan). The potential nitrification (nmol NO 2 -N g −1 soil h −1 ) was calculated following Morimoto et al. (2011) , taking into account the absorbance values obtained at 0 and 4 h incubation, the isotopic equivalence of N (14), and the percent moisture of the soil. Since Belser and Mays (1980) showed that the nitrite oxidized was linear from 0 h to 1 day, we set up our incubation time from 0 to 4 h, while Morimoto et al. (2011) incubated for just 2 h. Finally, soil pH was measured using a 1:2 ratio of soil to H 2 O. Soil samples in the 0-10 cm and 10-30 cm were selected for the determination of total N and total C by the dry combustion method using an NC analyzer (Sumigraph NC-220: Sumika Chemical Analysis Service, Osaka, Japan).
Molecular analysis
In this study, we followed the guidelines of two opinion papers about sampling strategies, DNA extraction, metadata collection , processing, and interpretation of amplicon sequence data .
DNA extraction and qPCR of bacterial and archaeal 16S rRNA, AOB, and AOA amoA genes Soil DNA was extracted from 0.4 g fresh soil using Fast DNA Spin Kit for Soil (Mo-Bio, Carlsbad, CA) according to the manufacturer's instructions, with a slight modification. Briefly, for better Andosol's DNA recovery, we added 160 μl of 20% skim milk to 818 μl sodium phosphate buffer (SPB) to have the 978 μl recommended SPB. The addition of skim milk has been suggested to improve the DNA extraction from soils that strongly adsorb DNA such as Andosols Matsumoto 2004, 2005) . The obtained pure DNA was quantified by Qubit Q u a n t i f i c a t i o n P l a t f o r m d s D N A H S A s s a y k i t (Invitrogen, Carlsbad, CA). Quantitative PCR (qPCR) was performed to assess the abundance of the amoA genes of both ammonia-oxidizing bacteria (AOB) and ammoniaoxidizing archaea (AOA), as well as the bacterial and archaeal 16S rRNA gene. The qPCR was performed in 15-μl reaction mixtures containing the following components: 7.5 μl of SsoAdvanced Universal SYBR Green Supermix (Bio-Rad, BioRad Laboratories, Inc., Hercules, CA), 0.25 μM of each primer (corresponding to 0.0375 μl of 100 pmol μl −1 ), 1 μl of one-tenth diluted DNA, and 6.425 μl sterilized Milli-Q water. Reactions were run in a CFX96 Touch Real-Time PCR Detection System (Bio-Rad) using the primers and the thermo-cycling conditions reported in Table 1a . Before qPCR of extracted DNA samples, replicated negative controls (DNA replaced by water)
were run to verify the purity of the used kits and solutions. Since no amplification was observed, the DNA samples were solely run in the subsequent reactions. Plasmid standards of these different genes were made after PCR amplification of the extracted DNA with the same primers (Table 1a ). Purified amplicons were cloned into the pGEM T-easy vector system I (Promega, Madison, WI, USA) an d t rans formed in to comp eten t c ells of Escherichia coli JM109. Plasmids of positive clones were extracted and quantified on a Nanodrop 2000 (Thermo Scientific, USA), and the copy numbers of the different genes were calculated with the concentration of the extracted plasmid DNA. The standard curves were generated using 10-fold serial dilutions of a plasmid containing the target gene insert. First, gene copy numbers were generated using a regression equation that converts the cycle threshold (Ct) value to the known number of copies in the standards. Following that, copy numbers were converted into per gram of dry soil by the following formula:
where X indicates the copy numbers of genes detected by qPCR, d indicates the dilution factor, V indicates the volume (μl) of extracted DNA, 0.4 indicates the amount of soil used for DNA extraction (g), and M indicates soil moisture. For all assays, amplification efficiency ranged between 90 and 100% and r 2 values was 0.993-0.999. DNA was extracted in duplicate per soil samples, and qPCR reactions were run in duplicate for each DNA sample.
Illumina MiSeq
Extracted soil DNA from the 0-10 cm samples was selected for sequencing by Illumina MiSeq. For total bacteria and archaea, 24 DNA samples (8 treatments × 3 replicates) from the first harvest (1 month) and 24 samples from the second harvest (2.3 months) were analyzed, targetting the V4 hypervariable region of the 16S RNA gene using the 515F-modified (Parada et al. 2016 )/806R-modified (Apprill et al. 2015) primer pair. For the AOB amoA gene, we used 24 samples from the first harvest, and for AOA amoA, the 24 samples were selected from the second harvest. The primer sets for Illumina MiSeq of AOB amoA and AOA amoA genes were the same as those used during qPCR. Each gene was first amplified in a 10-μl reaction (Sarr et al. 2019 ) using in a thermal cycler (iCycler BioRad, Hercules, CA), following the PCR conditions described in Table 1b . The purified amplicons were used as templates (10 ng) for the second PCR, using the primer pair 2ndF and 2ndR and same PCR conditions as described in Sarr et al. (2019) . These second primers include each an 8-bp barcode sequence (Index2 and Index1), allowing for 
Bioinformatics
Using the Fastx toolkit of fastq_barcode_spliltter (Hannon 2010) , only reads whose sequences matched precisely with the used primers were extracted. Primer sequences were deleted for all reactions, and for the V4 region of 16S rRNA, the last 50 bases of each read were also deleted. Then, using sickle tools, sequences with a quality value of less than 20 were removed, and sequences with a length of 40 bases or less and their paired sequences were discarded. Using the pair-end merge script FLASH (Magoc and Salzberg 2011) , the quality-filtered sequences were merged. For V4, a fragment length of 260 bp was obtained after merging the reads (230 bp each) and removing the overlapping region with a minimum length of 10 bases. The filtered reads of V4 were checked for chimera sequences using the usearch_61 algorithm (Edgar 2010) , and all sequences that were not judged to be chimeras were extracted and used for further analysis. OTU at 97% similarity were created, and phylogenetic estimations were performed using Qiime's (Caporaso et al. 2010) ver. 1.9.0 workflow with no references and all parameters under default conditions. For AOB amoA and AOA amoA, fragment lengths of 500 bp and 130 bp were respectively obtained after merging the corresponding reads and removing the overlapping regions. For these two genes, OTU were created at the 97% similarity threshold using the "usearch" classifier, and the BLAST method (Altschul et al. 1990 ) was used for assigning taxonomy. All unidentified OTU and those corresponding to the Kingdom Protista were removed before downstream analysis.
Calculations and statistical analysis
All soil and plant data were subjected to statistical analysis using CropStat ver. 7.2 (IRRI, Philippines). Two-way ANOVA was first applied to each sampling period (soil depth × treatment), and when a significant interaction was observed, each soil depth's data were analyzed by one-way ANOVA. When a significant effect was detected (P < 0.05), the LSD post-hoc tests (P < 0.05) were used to test the differences between treatments. R version 3.4.4 (2018-03-15) was used to generate the figures for potential nitrification. Spearman's rank correlations between soil properties and gene abundances were calculated in PAST v.2.17 (Hammer et al. 2001 ). The relative abundances (RA) of OTU generated by Illumina MiSeq were calculated, and Permanova was used to analyze the significance of the OTU's RA in the different treatments, with 9999 permutations. The "diversity" command of PAST calculated alpha diversity indices, including Shannon's, inverse (1/D) Simpson's, Margalef richness, and Chao-1, and generated the rarefaction curves of the different taxa. The average diversity indices for each gene were statistically compared between treatments (Tukey's LSD test with an alpha of 0.05) using CropStat ver. 7.2 (IRRI, Philippines). The relationships between soil properties and the abundance of AOA, mostly influenced by sorgoleone, were determined using the non-metric multidimensional scaling (NMDS) with the data standardized by the Gower distance.
Results
Chemical properties of soil
The initial soil contained 1147 mg kg −1 soil total P and 25.5 mg kg −1 soil available P (Bray-2 method) and was slightly acidic (pH 5.63). Significant variations in soil pH were observed only at 2.3 months in the 0-10 cm and 10-30 cm depths. In these horizons, the fertilized (120 N) treatments showed lower pH values than 0 N treatments (Table 2) . Among fertilized treatments, the no plant control and 296B had, in general, significant lower pH. In the 10-30 cm depth, the pH was not different between the fertilized and nonfertilized 296B, IS20205, and IS32234. The soil extracts collected at 7.5 cm also had significantly lower pH in the control and 296B treatments compared to IS20205 and IS32234 on days 13, 27, 31, and 34 after N supply (Table S1 ). The NO 3 − -N content in soil sampled at 1 and 2.3 months is shown in Table 2 . The levels were in general significantly lower in IS20205 and IS32234 in all horizons. At 2.3 months, the topsoil (0-10 cm) of fertilized control contained a very high level of nitrates (22.27 μg g −1 dry soil) compared to the fertilized plants where the highest NO 3 − -N level was 2.43 μg g −1 dry soil. The nitrate concentrations in the soil extracts collected at 7.5 cm depth every 3-4 days are reported in Table 3 and were also significantly lower in IS20205 and IS32234 compared to 296B and controls. Before day 21, the 0 N and 20 N controls had similar NO 3 − -N concentrations but significantly higher than that of the other treatments. From day 21, the NO 3 − -N concentration of the fertilized control increased tremendously due to the supply of other 40 N and 60 N and the absence of plant for absorption. Comparing the NO 3 − -N level of each treatment in the three horizons, we observed an increasing trend towards deeper horizons. For NH 4 + -N, significant differences between treatments were only observed at 1 month. At this sampling period, the rhizosphere of plant treatments contained in general higher amounts of exchangeable NH4 + -N than the no plant controls. At the same time, the controls showed significantly lower amounts of total N and total C than plant treatments when no N was applied at either 1 or 2.3 months and regardless to -N, and exchangeable NH4 + -N concentrations (μg g −1 dry soil); total N and total C (mg g −1 dry soil); and C/N ratio are shown per treatment in the three soil horizons (0-10 cm, 10-30 cm, 30-80 cm). One-way ANOVA was performed per horizon and in a "column × horizon" data are averages of 4 replications, and those with different letters are statistically different at P < 0.05 (*), P < 0.01 (**), and P < 0.001 (***) ns no significance, Sign. Trait significant trait, (−N) without N, (+N) with N the horizon. Under 20 N (1 month), the control and IS20205 soils contained similar levels of total N in 0-10 cm depth but lower than that of 296B and IS32234. At 2.3 months when 120 N was applied, the fertilized no plant control soils contained significantly less total N and total C although they were estimated roughly. The C/N ratio did not follow a clear pattern and could either be higher or less in the controls.
PNR
Figures for soil PNR were prepared using R software (R Dvelopment Core Team 2018). Two-way ANOVA, carried out between treatments and soil depths, indicated a non-significance of the interaction (P = 0.725) at 1 month, indicating that the trend of PNR variation between treatments was similar in the three depths (Fig. 1a) . In each depth, PNR did not significantly differ between treatments (P = 0.499 in 0-10 cm, P = 0.604 in 10-30 cm, P = 0.359 in 30-80 cm) although in 0-10 cm, 296B treatments and the fertilized control showed slightly higher values, and in 10-30 cm and 30-80 cm, PNR in controls was slightly higher. At 2.3 months, the two-way ANOVA revealed a significant interaction between treatments and soil depths (P ≤ 0.001), which indicated that the trend of PNR variation between treatments differed across soil horizons. Globally, significantly (P ≤ 0.05) higher PNR was obtained in the 0-10 cm than in 10-30 cm and 30-80 cm soil depths (Fig. 1b) . When PNRs in each soil depth were compared among themselves, we found that in the 0-10 cm horizon, fertilized treatments showed significantly higher PNR than the non-fertilized (P ≤ 0.001). Moreover, IS20205 and IS32234 showed significantly lower PNRs than 296B in the absence of N application, while under 120 N, IS20205 had lower PNR than IS32234 and 296B. No statistically significant difference in PNR between treatments was observed in 0-10 cm (P = 0.134) and 30-80 cm (P = 0.39).
Plant biomass
Plant root biomass was higher in the 0-10 cm depth ( Fig.  S2 ) than in the deeper horizons. IS20205 gave higher root dry weight than IS32234 and 296B at 1 month (20 N). At 2.3 months (120 N), IS20205 and IS32234 showed similar root biomass, regardless of the fertilization type and soil depth. The total root biomass at 1 month ( Fig. 2a ) was significantly higher in IS20205, followed by IS32234 then 296B. However, IS20205 and IS32234 had similar root biomass at 2.3 months and it was higher than that of 296B under 0 N and 120 N fertilizations. The variation in plant shoot dry weight followed the same pattern as the total root dry weight (Fig. 2b ).
Sorgoleone production
The specific sorgoleone production of the three sorghum lines in each of the three soil depths and the mean specific sorgoleone production in the whole soil column were determined after 1 month and 2.3 months' growth ( Fig. 3) . At 1 month, the sorgoleone level of 296B was below the detection limit. IS20205 produced significantly (P ≤ 0.001) higher levels than IS32234 in each soil depth, regardless of the fertilization type. Similarly to 1 month, the level of sorgoleone production of IS20205 at 2.3 months was significantly (P ≤ 0.001) higher than that of IS32234 in the different soil depths. At this period, 296B could release detectable amounts of sorgoleone which were not significantly different from that released by IS32234 in the different soil horizons. The levels of sorgoleone at 2.3 months were 2.18 to 2.50 times that at 1 month for IS20205 and 5 to 10 times that for IS32234. Whether fertilized or not, the sorgoleone production pattern was 3.75 b 5.44 b 6.39 d 7.58 c 8.73 d 5.57 b 6.21 b 6.43 bc 7.64 bc 8.10 bc 6.08 bc 8.54 b 6.73 b 3.26 b IS20205(−N) 0.97 a 1.19 a 0.80 a 0.22 a 0.31 a 0.52 a 0.22 a 0.12 a 0.10 a 0.07 a 0.12 a 0.19 a 0.54 a 0.13 a IS20205(+N) 1.41 a 2.05 a 2.08 c 1.45 ab 1.20 ab 0.24 a 0.75 a 0.28 a 0.19 a 0.17 a 0.21 a 0.77 a 0.67 a 0.21 a IS32234(−N)
1.00 a 0.94 a 0.95 ab 0.69 a 1.01 ab 0.24 a 1.74 a 0.12 a 0.08 a 0.07 a 0.10 a 0.14 a 0.58 a 0.15 a IS32234(+N) 1.50 a 1.76 a 2.01 bc 2.08 b 2.44 b 0.30 a 1.42 a 0.71 a 0.25 a 0.15 a 0.22 a 1.71 a 0.91 a 0.09 a Significance trait *** *** *** *** *** *** *** *** *** *** *** *** *** *** the same for the three sorghum lines. We observed an increasing trend of sorgoleone levels towards deeper soil horizons for IS20205 during the whole experimental period and for IS32234 at 2.3 months under the N fertilization.
Microbial communities size as obtained by qPCR
The initial soil contained 3.3 × 10 8 and 2 × 10 6 copies g −1 of bacterial and archaeal 16S rRNA genes, respectively. At 1 month, total bacteria varied between 8.2 × 10 8 and 2 × 10 9 copies g −1 while total archaeal abundance ranged between 4 × 10 6 and 1.1 × 10 7 copies g −1 . At 2.3 months, bacterial abundance ranged between 4.5 × 10 8 and 1.4 × 10 9 copies g −1 and total archaea varied between 5.8 × 10 6 and 1.2 × 10 7 copies g −1 . The initial soil harbored 8.8 × 10 5 and 6.5 × 10 5 copies g −1 of AOB and AOA amoA genes, respectively. At 1 month, AOB abundance varied between 2.6 × 10 4 and 1.2 × 10 5 copies g −1 while AOA ranged between 1.4 × 10 6 and 5.2 × 10 6 copies g −1 . At 2.3 months, they were estimated to be in the range of 7.2 × 10 4 and 2.3 × 10 5 copies g −1 for AOB and between 8.3 × 10 5 and 9.4 × 10 6 copies g −1 for AOA (data not shown). Microbial abundances as expressed in log 10 copies per gram of dry soil at 1 month
The variations of microbial abundance at 1 month are shown in Fig. 4 . Copy numbers of bacteria, archaea, and AOA in each horizon were significantly (P ≤ 0.005) higher in treatments than in the initial soil. In contrast, the initial soil harbored significantly higher numbers of AOB than treatments in the three horizons (P ≤ 0.001). When treatments were compared among themselves, we observed that bacterial abundance did not significantly differ between treatments in the 0-10 cm depth, but archaea were significantly less abundant (P = 0.002) in fertilized plant treatments than in fertilized control and in nonfertilized IS20205 than in non-fertilized 296B and control. Without N fertilization, abundances of AOA and AOB were not significantly different among treatments. However, AOA were significantly (P = 0.037) lower in the fertilized IS20205 than in the other fertilized treatments, while all fertilized plant treatments harbored similarly but significantly (P = 0.001) lower AOB numbers than the fertilized control. In the 10-30 cm depth, the only significant difference was observed among fertilized treatments for bacteria (P = 0.031) where IS20205 and IS32234 soils harbored higher bacterial abundance than 296B and control. Similarly, IS20205 and IS32234 soils contained significantly (P = 0.031) higher bacterial number in the 30-80 cm depth than 296B and control, and the difference was clearer under 0 N.
Microbial abundances as expressed in log 10 copies per gram of dry soil at 2.3 months Microbial abundances at 2.3 months are shown in Fig. 5 . Similarly to at 1 month, bacteria, archaea, and AOA in each horizon were significantly (P ≤ 0.001) higher in treatments than in the initial soil. At 2.3 months, the AOB numbers in the initial soil were significantly higher than that in treatments only in the top 10 cm depth (P = 0.037). Differences were statistically significant for bacteria in 0-10 cm (P ≤ 0.001), 10-30 cm (P = 0.002), and 30-80 cm (P ≤ 0.001). In each of these three soil depths, although the bacterial abundances in the N fertilized (120 N) and non-fertilized six plant treatments did not differ among themselves, they were higher than that of the two controls. Here, we observed an increasing trend of the bacterial abundance in the N fertilized compared to the non-fertilized plant treatments. Similarly to bacteria, statistically significant differences were observed for AOA in the three depths at a probability level of P ≤ 0.001 in each depth. In 0-10 cm without N fertilization, IS20205 and IS32234 grouped and contained lower AOA than 296B and the control. The application of 120 N increased the AOA abundance in all treatments, but IS20205 maintained significantly lower levels than IS32234 and 296B, which also contained lower AOA abundance than the fertilized control. In 10-30 cm and 30-80 cm, the distribution of AOA abundance between treatments followed almost the same trend as in 0-10 cm with the difference that under 120 N, there was no difference in AOA abundance between IS20205 and IS32234. Moreover, the application of 120 N did not increase the AOA abundance in these deeper horizons as it was the case in the 0-10 cm depth. On the other hand, statistically significant differences between treatments were not observed for archaea (P = 0.068 in 0-10 cm, P = 0.058 in 10-30 cm, P = 0.112 in 30-80 cm) and AOB (P = 0.13 in 0-10 cm, P = 0.353 in 10-30 cm, P = Fig. 3 Specific sorgoleone (μg g −1 dry root) of sorghum lines at 1 month and 2.3 months in the soil horizons 0-10 cm, 10-30 cm, and 30-80 cm, without N and with N applications. Bars represent means of 4 replicates ± Stdev. At each sampling period, one-way ANOVA was applied to sorgoleone values in the same horizon and to mean sorgoleone concentration in the 3 horizons. In each horizon and for the means of 3 horizons, bars carrying different letters are significantly different at P < 0.001 Student's t test. Bdl below detection limit Fig. 4 Abundances of bacterial and archaeal 16S rRNA genes and archaeal and bacterial amoA genes (AOA-amoA, AOB-amoA) transformed into log 10 copies per gram of dry soil in samples taken from 0 to 10 cm, 10 to 30 cm, and 30 to 80 cm horizons of the different treatments after 1-month growth. Initial soil is the same composite sample taken at the beginning of the experiment. Bars represent mean abundances of 4 replicate samples, each measured in quadruplicate qPCR reactions, and respective standard deviations Abundances of bacterial and archaeal 16S rRNA genes and archaeal and bacterial amoA genes (AOA-amoA, AOB-amoA) transformed into log 10 copies per gram of dry soil in samples taken from 0 to 10 cm, 10 to 30 cm, and 30 to 80 cm horizons of the different treatments after 2.3 months growth. Initial soil is the same composite sample taken at the beginning of the experiment. Bars represent mean abundances of 4 replicate samples, each measured in quadruplicate qPCR reactions, and respective standard deviations 0.558 in 30-80 cm) at 2.3 months. However, when the four treatments of each fertilization type were analyzed separately, archaea in the non-fertilized treatments were significantly higher in 296B than in control, IS20205, and IS32234 in 10-30 cm (P = 0.007) and 30-80 cm (P = 0.002).
Relationships between soil properies and ammonia oxidizer abundance
A Spearman's correlation was run considering all data from the 1-month and 2.3-month samples for each variable to determine the relationships among soil pH, %moisture, PNR, NO 3 − -N, NH 4 + -N, sorgoleone release, and the abundances of AOB and AOA total bacteria and total archaea (Table 4) . A weak but positive monotonic correlation was observed between pH and sorgoleone (rs-= 0.185) and pH and total bacteria (rs = 0.250), while a weak, negative correlation related the pH and PNR (rs = − 0.196). The soil %moisture influenced most of the parameters but at different strengths. It was positively moderately correlated with the abundance of archaea (rs = 0.498) and with NO 3 − -N content (rs = 0.481), positively weakly correlated with the abundance of AOB (rs = 0.356) and PNR (rs = 0.246), and positively very weakly correlated with abundance of AOA (rs = 0.161). In contrast, soil %moisture was negatively weakly correlated with bacterial abundance (rs = − 0.357) and negatively moderately correlated with sorgoleone content (rs = − 0.444). Apart from its correlation with %moisture, PNR was positively very weakly correlated with AOA (rs = 0178), positively weakly correlated with AOB (rs = 0.4283) and total archaea (rs = 0.301), and negatively very weakly correlated with exchangeable NH 4 + -N (rs = − 0.147) and sorgoleone content (rs = − 0.165). NO 3 − -N content was very weakly, positively correlated with exchangeable NH 4 + -N content (rs = 0.183); weakly, positively correlated with total archaea (rs = 0.348); but strongly, negatively correlated with sorgoleone content (rs = − 0.611) and strongly positively with AOA abundance (rs = 0.602). Adding to its correlations with PNR and NO 3 − -N content, exchangeable NH 4 + -N content was also positively weakly correlated with sorgoleone content (rs = 0.290) and bacterial abundance (rs = 0.320), but negatively weakly with AOB abundance (rs = − 0.207). Sorgoleone content positively moderately correlated with bacterial abundance (rs = 0.407) and negatively moderately with AOA abundance (rs = − 0.489). Furthermore, a weak and negative correlation was observed between sorgoleone content and total archaea abundance (rs = − 0.247). The total archaea abundance positively moderately correlated with AOA abundance (rs = 0.407).
Microbial community composition as obtained by Illumina MiSeq
The rarefaction curves (Fig. S3 ) showed that our sequencing depth captured well the microbial community diversity.
16S rRNA V4 sequence data
A total of 1,448,418 high-quality 16S rRNA V4 sequences were obtained after chimera removal. The bacterial 16S rRNA gene comprised 1,315,728 sequences with an average of 27,411 reads (18,886-34,348 reads) per sample. They Data in a column are averages of 4 replications, statistically analyzed using CropStat ver. 7.2. Values with different letters in a column are statistically different at P < 0.05 (*). N was applied on the days marked in italics. Zero day (= 16 days after sowing (DAS)): application of 20 kg N ha −1 ; 21 days (= 37 DAS): application of another 40 kg N ha −1 , 38 days (= 54 DAS): application of another 60 kg N ha −1 ns no significance clustered into 27,512 OTU (97% similarily), and several phyla and Permanova revealed significant differences (P < 0.001) between treatments based on OTU-level abundances (data not shown). The dominating 20 phyla with at least 0.1% OTU abundance in at least one of the samples were Acidobacteria, Actinobacteria, AD3, Armatimonadetes, Bacteroidetes, Chlamydiae, Chloroflexi, Cyanobacteria, Elusimicrobia, Firmicutes, GAL15, Gemmatimonadetes, Nitrospirae, OD1, Planctomycetes, Proteobacteria, Tenericutes, Verrucomicrobia, WPS-2, and WS3 (Fig. 6) . At 1 month, Acidobacteria, Nitrospirae, Gemmatinomonadetes, Elusimimicrobia, Planctomycetes, and Verrumicrobia significantly dominated in controls than in plant treatments with P ≤ 0.001 for all the named phyla except Verrumicrobia (P = 0.009). No statistical significance (P = 0.073) was observed for Proteobacteria at this period. The number of Actinobacteria significantly (P ≤ 0.001) increased in plant treatments under N application at 1 month, and the increase was stronger in IS20205. At 2.3 months, Acidobacteria did not show a statistical difference under 0 N, but under 120 N, plant treatments showed significantly (P ≤ 0.001) lower abundance than the control. As at 1 month, a significantly lower abundance of Nitrospirae (P ≤ 0.001) was obtained at 2.3 months. In contrast, in this period, Proteobacteria were significantly more abundant in plant treatments than in controls (P ≤ 0.001). At 2.3 months, Actinobacteria abundance was significantly (P ≤ 0.001) higher in plant treatments than in controls, especially under 120 N. Alpha diversity indices generated by PAST and subjected to 2-way ANOVA (treatment × sampling period) showed significant probability levels for the Menhinick and Margalef indices (Table S2) . With 0 N, these indices were significantly lower in IS20205 than in the other treatments. With the N application, they were still lower in IS20205, but the differences with the other treatments were not significant. The archaeal 16S rRNA gene comprised 65,768 sequences with an average of 1370 reads (345-4359 reads) per sample and clustered into 488 OTU. Methanomassiliicoccaceae, Nitrososphaeraceae, and unclassified NRP-J were the most abundant families (Fig. 7) . The unclassified NRP-J was generally higher under 0 N. In contrast, N application increased Nitrososphaeraceae abundance as we observed at 2.3 months. Significant differences between treatments were observed for Taxa-S, Individuals, Shannon, Brouillon, Menhinick, and Margalef indices (Table S3 ). These indices were higher in controls than in fertilized and non-fertilized plant treatments. Plant treatments in each fertilization type did not exhibit significant differences among them for Taxa_S, Individuals, and Menhinick. However, fertilized plant treatments presented lower diversities than the non-fertilized. The Shannon index was significantly lower in IS20205 than in 296B and control under 0 N, and under N fertilization, it was significantly lower in IS20205 compared to IS32234.
AOA and AOB amoA sequence data Illumina MiSeq generated 343,910 AOA amoA sequences (77.25% of the raw sequences) after removing no-hits and sequences of less than 97% similarity with amoA references. These sequences averaging 14,330 reads per sample clustered into 120 OTU. The eight most abundant OTU (1, 2, 3, 4, 6, 7, 8, 9) with at least 2% abundance in at least one of the samples are shown in Fig. S4 . These OTU were identified (100% similarity) as amoA genes of uncultured soil archaeon clones. Permanova revealed significant differences (P < 0.001) between treatments (data not shown). N fertilization increased the relative abundance of OTU_1 and OTU_7 but decreased that of OTU_2, OTU_3, OTU_4, OTU_6, and OTU_8. Without N, the relative abundance of OTU_1 was significantly lower in control than in plant treatments, but under 120 N, the difference was not marked. It contrasted with the relative abundance of OTU_2, which was significantly lower in the fertilized control. Without N, the relative abundance of OTU_3 was lower in IS20205 than in the other treatments, but under 120 N, all plant treatments had a lower relative abundance of OTU_3 than the control. The other relative abundance of OTU also showed significant differences between treatments. Alpha diversity indices were not different between treatments (data not shown). The NMDS ordination revealed a clear separation of AOA as influenced by the fertilization type (Fig. S5 ). Plants treatments tightly grouped and were separated with controls, especially under 120 N. NO 3 and NO 2 (potential nitrification) were well influenced by N fertilization and sorgoleone content correlated well with IS20205 and IS32234.
AOB amoA MiSeq showed that only 24.59% of the filtered reads were merged, and only three OTU were 97% similar to closest AOB references. Therefore, AOB MiSeq data were omitted for downstream analysis.
Discussion
High nitrification has been a concern for decades for the negative impact on the environment, due to high N losses via nitrate leaching which cause soil pollution or emission of nitrous oxide (N 2 O) through denitrification (Timilsena et al. 2015; Uchida and von Rein 2018) . Reducing nitrification rates in soils represents a strategy to mitigate the negative impact of nitrate to the environment (Subbarao et al. 2012) . Biological nitrification inhibition (BNI) is a plant-mediated phenomenon that inhibits nitrification by specific secondary metabolites exuded from roots (Sorgoleone, Brachialactone, Sakuranetin, 1, and appears to be an alternative to the costly chemical fertilizers (Subbarao et al. 2015) . Sorgoleone, a known sorghum metabolite, was identified as an essential BNI component of hydrophobic-BNI activity of exudates from sorghum roots which can potentially reduce the abundance of AOB and AOA amoA genes (Coskun et al. 2017; Subbarao et al. 2013; Dayan et al. 2010 ). However, few studies have thoroughly examined the relationships between sorgoleone release, environmental factors, potential nitrification, and composition and abundance of microbes, including AOB and AOA amoA genes. Here, we investigated such relationships in the presence of the growth of three sorghum lines with different sorgoleone production abilities. The potential nitrification rate (PNR) was generally found lower in the rhizosphere of the higher sorgoleone producing genetic stock IS20205, more specifically in the top 10 cm (Fig. 1) . This lower PNR under the higher sorgoleone line may partly explain the lower nitrate concentration in the soil extracts collected at 7.5 cm of this line. Furthermore, since IS20205 and IS32234 showed similar root and shoot biomass, particularly at 2.3 months, they likely absorbed soil nutrients in the same manner. Therefore, the difference the difference in sorgoleone release could largely explain the difference in NO 3 − -N concentration in soil solutions. At times, low nitrification rates have been explained by a decline in NH 4 + supply rather than the toxicity of specific compounds to nitrifiers (Schimel et al. 1996) . In this study, the application of 120 N increased the exchangeable NH4 + -N content, which correlated with higher potential nitrification. However, Spearman's correlations reinforced that sorgoleone plays an integral part in the nitrification inhibition of sorghum. Our data showed that higher sorgoleone release led to stronger inhibition of AOA and potential nitrification and lower nitrate content in the soil. In contrast, differences in sorgoleone levels between sorghum lines did not influence the abundance of AOB, although plant treatments contained less AOB than controls. It has been recognized that AOA outnumber AOB in many habitats (Rughöft et al. 2016; Herrmann et al. 2012 ) and can play a Fig. 6 Relative abundance of 16S rRNAV4 bacteria based on OTU reads at 1 and 2.3 months. The 20 most abundant phyla (i.e., at least 0.1% of all reads in at least one of the samples) are shown. They represent > 99% of the relative abundances of these treatments dominant role in nitrification, particularly in acid soils (Prosser and Nicols 2012; Hu et al. 2014) . They also can thrive at much lower substrate concentration than AOB due to higher substrate affinity (Zhang et al. 2012; Yao et al. 2013 ). The acidic condition and low exchangeable NH4 + -N and NO 3 − -N concentrations of the soil used in this study (Table 2 ) may favor the dominance of AOA over AOB. Although AOB were not identified clearly in this study by amoA amplicon sequencing, their abundance obtained by qPCR was positively correlated with soil moisture and potential nitrification, thus supporting the well-known contribution of AOB to soil nitrification (Jia and Conrad 2009) . Frequently, it has been reported a positive relationship between AOA abundance and soil nitrification potential (Yao et al. 2011) or nitrate production (Offre et al. 2009; Gubry-Rangin et al. 2010) . Gao et al. (2016) demonstrated that AOA accounted for most of the ammonia oxidation in fine particulate matter, with a low contribution of AOB, and this was justified by the higher abundance of AOA in samples. Zhang et al. (2012) also reported a positive correlation between AOA, but not AOB, and soil nitrate concentration. The predominance of AOA in many environments compared to AOB justified that the ammonia oxidation process promoted by AOA may be more intense (Jin et al. 2011; Hou et al. 2013) . Consistent with these previous studies, the higher abundance of AOA over AOB may indicate that AOA mostly mediate the ammonia oxidation in the present work. The negative correlation between AOA abundance and sorgoleone content and the lack of correlation between the metabolite and AOB abundance clearly showed that the biological control of nitrification in sorghum cultivation is mostly related to the inhibition of AOA by sorgoleone than AOB. However, the abundance of the microbial population does not necessarily directly link to enzymatic activity. Therefore, since we did not extend the Fig. 7 Relative abundance of 16S rRNA Archaea based on family OTU reads at 1 and 2.3 months. The 7 most abundant families (i.e., at least 0.1% abundance in at least one of the samples) were used. They represent 99.86 to 100% of OTU relative abundance in the different these treatments. Eury Euryarchaeota, Cren Crenarchaeota, Parv_Parv Parvarchaeota_Parvarchaea (Phylum_Class), Thermo Thermoplasmata, Thaum Thaumarchaeota, Unass and Un Unassigned, Cenarch Cenarchaeales, Methanom Methanomassiliicoccaceae, Nitros_Nitros Nitrososphaerales_Nitrososphareaceae analysis to mRNA or protein levels, we cannot exclude the possibility that AOB contributed similarly or much more than AOA. Sterngren et al. (2015) stated that AOA are important drivers of nitrification under nitrogen-poor conditions, but high available N results in increased abundance, activity, and relative importance of AOB for gross nitrification in grassland soil. Besides, Fu et al. (2018) demonstrated the importance of AOB nitrification after N application to agricultural soils in a long-term field experiment and reported the inhibitory effect of some chemical inhibitors including DCD on the abundance and activity of AOB.
On the other hand, bacteria outnumbered archaea in this study. This result confirmed most reports that showed bacteria dominate archaea in multiple environments (Timonen and Bomberg 2009; Bates et al. 2011; Chen et al. 2017) . Illumina MiSeq data showed that the majority of archaeal 16S rRNA sequence reads in the 0-10 cm soil layer belonged to the Thaumarchaeotal class. More specifically, they belonged to the ammonia-oxidizing genus Candidatus Nitrosphaera (Nitrososphaeraceae family) or other unclassified genera of the order Cenarchaeales, which dominated the archaeal community across all treatments (Fig. 7) . Our data agree with the information available on archaeal communities in other soils, i.e., a general dominance of the Crenarchaeota (Pester et al. 2011) , along with minor Euryarchaeota (Bates et al. 2011) and Parvarchaeota. Here, the dominance of Nitrososphaeraceae increased with soil acidity due to the overall application of 120 N, as shown in Table 2 and Fig. 7 . This result indicates that this group of ammonia-oxidizing archaea is regulated (i.e., decreased) by increasing pH, as reported in forest soils (Lehtovirta et al. 2009 ). Since Thaumarchaeota known to harbor most AOA dominated the archeal 16S rRNA, any variation in the abundance and composition of AOA would lead to a similar variation in that of total archaea. In this regard, we found that the abundance of both archaeal amoA and 16S rRNA genes positively correlated with soil moisture, potential nitrification, NO 3 − -N content, and the abundance of the two genes were positively related each other as shown by Spearman's correlations (Table 5) . Moreover, the abundance of the two genes was both negatively correlated with the amount of sorgoleone. Higher release of sorgoleone lowered the abundance of both genes and decreased the nitrification.
The abundance of total bacteria, as revealed by qPCR, was not significantly different between treatments at 1 month where half of the treatments received only 20 N. However, at the late growth stage and with the application of 120 N, total bacteria were more abundant in plant treatments than in controls. Furthermore, bacteria were also less abundant in the initial soil. These results indicated that under favorable conditions, the bacterial abundance increases. In this regard, Spearman's correlations had shown a positive correlation between abundances of bacteria and exchangeable NH 4 + -N. In addition to the exchangeable NH 4 + -N content, total C and total N were significantly higher in the plant treatments than in controls in each of the three horizons (Table 2) . This result agrees with findings from other studies reporting that the abundance of heterotrophic bacteria increases under high nutrient availability (Leff et al. 2015; Gómez-Pereira et al. 2012 ). Marschner (2011) reported that roots could release as much as 40% of net photosynthetic C in the rhizosphere, and it includes compounds such as amino acids, organic acids, sugars, phenolics and other secondary metabolites (Bertin et al. 2003 ). On the other hand, our MiSeq data (Fig. 6) showed that some bacterial phyla increased with increasing soil nutrient content, while others decreased. It is consistent with Rughöft et al. (2016) who reported that nutrient availability also drives the bacterial community composition. Moreover, these results agree well with the copiotrophic hypothesis (Fierer et al. 2007) , which predicts that fast-growing copiotrophic soil bacteria such as Proteobacteria, Actinobacteria, and Bacteroidetes prefer nutrient-rich environments, while slowgrowing oligotrophs (e.g., Acidobacteria, Nitrospirae) would thrive in oligotrophic soils.
We found that the abundance of bacteria did not correlate with that of AOB, unlike the abundances of total archaea and AOA. The very low abundance of AOB compared to total bacteria as obtained by qPCR may justify this lack of correlation. However, bacterial abundances determined by qPCR could be slightly biased since the numbers of ribosomes can vary among bacteria. Furthermore, the Illumina MiSeq detected shallow AOB amoA sequence reads. Only 24.59% of the filtered AOB amoA reads could merge, and more than half of the merged OTU were unclassified. Also, the sequence similarity between the identified OTU and reference AOB amoA genes varied between 75 and 100%. Each molecular method may come alone with a bias, and we cannot rule out that our AOB community composition may have been influenced by the PCR conditions or the set of primer used. However, some studies that have used the same AOB primer set (Meinhardt et al. 2015; Gao et al. 2016 ) have previously reported a high recovery of soil AOB composition, including clearly identified Beta-Proteobacterial genera harboring the amoA gene.
In the present study, the sorghum genetic stock IS20205 which releases higher amounts of sorgoleone per gram of dry root showed lower diversity and less abundance of AOA in its rhizosphere than in the rhizosphere soils of the other two lines. This sorghum line developed higher root and shoot biomass compared to the medium sorgoleone-producing line IS32234 and the lower sorgoleone-producing line 296B in the early growth stage when no or little amount of N as 20 N was applied. During this period where soil N was low, the better nitrification control by IS20205 may have provided the plant with more exchangeable NH4 + -N for uptake and its higher roots may allow a more efficient uptake of the formed NO 3 − -N compared to the 2 other genetic stocks.
Consequently, better uptake could lower the nutrient content in the rhizosphere of IS20205 (Table 2) , thus leading to higher root development. At 2.3 months, IS20205 and IS32234 showed similar root and shoot biomass, which was significantly higher than that of 296B. The high and medium sorgoleone-producing lines may absorb soil nutrients similarily during the later growth stage. Therefore, the differences observed in potential nitrification rates and the composition of nitrifiers evidently arose from the difference in sorgoleone release. The positive effect of sorgoleone on nitrification inhibition and plant growth indicates that it does not induce the overall plant-microbial interactions negatively as it was observed in cucumber by the autotoxin metabolite p-Coumaric (Zhou et al. 2018 ).
Conclusion
To our knowledge, this is the first study investigating in detail the BNI function in sorghum as influenced by differences in sorgoleone release and environmental factors. It demonstrated that the concentration of sorgoleone released by sorghum roots is an active driver of soil nitrifier community composition and has a stronger influence on AOA. Sorghum plants that exude higher specific sorgoleone (μg g −1 dry root) exhibit more significant inhibition of the abundance of AOA amoA genes, slowing down soil nitrification and indirectly reducing the emission of nitrous oxide (N 2 O). Other environmental factors such as soil moisture, nutrient contents, and pH to a lower extent also influenced the AOA community composition and distribution, as well as that of total bacteria, total archaea, and AOB. The abundances of total bacteria, archaea, AOA, and AOB amoA genes also varied across soil depths and sorghum growth stages.
Overall, the study showed that sorghum lines with higher sorgoleone-release potential have better control of soil nitrification, mainly by inhibiting the abundance of AOA amoA genes, and the subsequent biological nitrification inhibition contributed for better plant growth. For each variable, all data from 1 to 2.3 months in the different treatments are taken into consideration. For sorgoleone, since no extraction was done in controls without sorghum plant, we arbitrary allocated the value 0 during the analysis. Sorgoleone values for 296B at 1 month were below detectable limit; therefore, we allocated arbitrary during the analysis the value 1 for each of its replicates. Correlation values are given in the lower triangle of the matrix, and the two-tailed probabilities that the columns are uncorrelated are given in the upper. Values in italics in the upper triangle indicate the significant P values (< 0.001, < 0.01, < 0.05). Cells with non-italic bold in the lower triangle are the rs values of the significant correlations. Entries in bold italics correspond to the non-significant correlations. The strength of the correlation is considered "very weak" if rs values range between "0.00 and 0.19," "weak" between "0.20 and 0.39," "moderate" between "0.40 and 0.59," "strong" between "0.60 and 0.79," and "very strong" between "0.80 and 1.0"
